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The starved-to-fed transition is accompanied by rapid glycogen

deposition in skeletal muscles. On the basis of recent findings

[Bra$ u, Ferreira, Nikolovski, Raja, Palmer and Fournier (1997)

Biochem. J. 322, 303–308] that during recovery from exercise

there is a shift from a glucose 6-phosphate}phosphorylation-

based control of glycogen synthesis to a phosphorylation-based

control alone, this paper seeks to establish whether a similar shift

occurs in muscle during re-feeding after starvation in the rat.

Chow re-feeding after 48 h of starvation resulted in glycogen

deposition in all muscles examined (white, red and mixed

quadriceps, soleus and diaphragm) to levels higher than those

in the fed state. Although the early phase of re-feeding was

associated with increases in glucose 6-phosphate levels in all

muscles, there was no accompanying increase in the fractional

INTRODUCTION

The control of the rate of glycogen synthesis from glucose in

skeletal muscle involves a number of regulatory steps, namely

glucose transport via the insulin-sensitive glucose transporter

GLUT 4, hexokinase, glycogen synthase, and glycogen phos-

phorylase [1–3]. The relative contribution of each of these

potential control sites to the acute control of glycogen synthesis

flux in muscle is dependent on the physiological state of the

animal. In the early phase of recovery from exercise, glycogen

synthesis in skeletal muscle is regulated by a dual mechanism

involving both dephosphorylation of glycogen synthase and

increases in glucose transport}hexokinase activity [3,4]. In other

physiological conditions, this dual mechanism of control is not

observed, rather the rate of glycogen synthesis is predominantly

controlled either by an increase in the fractional velocity of

glycogen synthase through dephosphorylation or by an increase

in glucose 6-phosphate levels consecutive to an increase in

glucose transport}hexokinase activity. Using the glucose clamp

technique, in response to hyperglycaemia, dephosphorylation of

glycogen synthase is not observed [5–8], suggesting that glucose

transport}hexokinase activity produces an increase in glucose 6-

phosphate levels which in turn controls the rate of glycogen

synthesis via activation of glycogen synthase [1]. There are other

physiological conditions where changes in the phosphorylation

state of glycogen synthase have been proposed to play the major

role in the control of glycogen synthesis. For instance, in a rat

model of diabetes, increases in the rate of glycogen synthesis in

response to hyperglycaemia occur concomitantly with the

dephosphorylation of glycogen synthase without any increase in

glucose 6-phosphate levels [7]. Similarly, the progressive decrease

Abbreviations used: GLUT4, insulin-sensitive glucose transporter ; Glc-6-P, glucose-6 phosphate.
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velocity of glycogen synthase except in the white quadriceps

muscle. This finding, together with the observation that the

fractional velocity of glycogen synthase in most muscles was

already high in the starved state, suggests that in the initial phase

of glycogen deposition the phosphorylation state of the enzyme

may be adequate to support net glycogen synthesis. In the later

phase of re-feeding, the progressive decrease in the fractional

velocity of glycogen synthase in association with a decrease in the

rate of glycogen deposition suggests that glycogen synthesis is

controlled primarily by changes in the phosphorylation state of

glycogen synthase. In conclusion, this study suggests that there is

a temporal shift in the site of control of glycogen synthesis as

glycogen deposition progresses during re-feeding after starvation.

and eventual shut-down in the rate of glycogen deposition during

the initial period of recovery from high-intensity exercise in the

rat occurs even in the absence of changes in glucose 6-phosphate

levels [3]. During this phase the phosphorylation state of glycogen

synthase increases, suggesting that reversible phosphorylation

plays a major role in controlling the flux through glycogen

synthase [3].

One physiological process that is associated with rapid changes

in glycogen synthesis in skeletal muscles is the starved-to-fed

transition [9], and there have been surprisingly few studies

examining the control of glycogen synthesis under these con-

ditions. Our recent findings that the control site of glycogen

synthesis during recovery from high-intensity exercise shifts from

adual involvement of glucose transport}hexokinase and glycogen

synthase during the active phase of glycogen deposition to

glycogen synthase alone in the later phase [3] raises the question

of whether there is also a shift in the control site of glycogen

synthesis during re-feeding after starvation. The primary aim of

this paper is to address this issue by examining the patterns of

changes in regulatory metabolites and the phosphorylation state

of glycogen synthase and glycogen phosphorylase in muscle

during re-feeding after starvation.

MATERIALS AND METHODS

Materials

All biochemical reagents and enzymes were obtained from

Boehringer-Mannheim (Sydney, NSW, Australia), except for

Dowex 1-X4 resin and σ-dianisidine hydrochloride which were

purchased from Sigma (St. Louis, MO, U.S.A.). All chemicals

were of analytical grade.
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Animals

Adult male Wistar rats (300 g) were supplied by the Animal

Resource Centre (Murdoch University, WA, Australia). The rats

were kept at 20 °C on a 12 h light}12 h dark cycle (light from

07:30 h) and had unlimited access to water and standard

laboratory chow (Glen Forrest Stockfeeders, Glen Forrest, WA,

Australia : 55% digestible carbohydrate, 19% protein, 5% lipid

and 21% non-digestible residue, by weight). The rats were

starved in grid-bottomed cages for 48 h to deplete muscle

glycogen levels before re-feeding, which was commenced at

08:00 h by providing access to standard laboratory chow. Chow

intakes were comparable with those previously reported in this

laboratory [10]. At time intervals after the initiation of re-feeding

(0, 1, 2, 4, 6, 8, 12, 24 h), rats were anaesthetized and tissues

sampled. A further control group of fed animals were anaes-

thetized and sampled at 08:00 h, at which time muscle glycogen

levels are maximal [11].

Tissue sampling

Tissues were sampled under halothane anaesthesia to prevent

post-mortem muscle glycogen breakdown [12]. The following

muscles were sampled: soleus, diaphragm and the white, red and

mixed portions of the quadriceps, which correspond to the

superficial, deep and intermediary regions of the muscle

respectively. Immediately after dissection, the muscle was freeze-

clamped in liquid nitrogen. Special care was taken during

sampling to avoid pulling or stretching muscles, as this may

cause changes in the activity (phosphorylation) state of glycogen

phosphorylase. All samples were kept at ®80 °C before analysis.

The muscles selected for analysis were chosen on the basis of

their fibre composition with the red, white and mixed quadriceps

being rich in type IIa, type IIb and type IIa,b respectively. The

soleus muscle is rich in type-I fibres, whereas the diaphragm

contains predominantly type-I and type-IIa muscle fibres [13,14].

Measurement of metabolites

Muscle glycogen levels were measured using a modification [15]

of the method of Chan and Exton [16]. Tissue (30–80 mg) was

ground to a fine powder under liquid nitrogen and then digested

in 2±5 vol. of 30% (w}v) KOH at 100 °C. After complete

digestion, the resultant solution was cooled to room temperature

and the glycogen precipitated overnight at 4 °C in 66% (v}v)

ethanol (final concentration). The glycogen precipitate was

collected by centrifugation (3000 g for 10 min). The amount of

glycogen in each sample was determined spectrophotometrically

using the glucose oxidase method of Fleming and Peglar [17] as

modified by Lloyd and Whelan [18].

For the measurement of glucose 6-phosphate and AMP levels,

muscles were ground with a mortar and pestle under liquid

nitrogen. The powdered tissue was mixed with 10 vol. of ice-cold

6% (w}v) HClO
%

and homogenized. A portion of the homo-

genate was centrifuged at 2000 g for 10 min and the supernatant

removed and kept on ice; the pellet was re-extracted with ice-cold

6% (w}v) HClO
%

before centrifugation (2000 g for 1 min). The

supernatants were combined, neutralized with 2M K
#
CO

$
and

centrifuged before being used for the assays of glucose

6-phosphate [19] and AMP [20].

Glycogen synthase assay

Muscles were ground in a mortar and pestle under liquid nitrogen,

homogenized for 30 s with 10 vol. of glycerol buffer (50 mM

Tris}HCl, pH 7±8, 100 mM KF, 10 mM EDTA and 60% (v}v)

glycerol) at ®20 °C. After the addition of 10 vol. of glycerol-free

buffer (50 mM Tris}HCl, pH 7±8, at 25 °C, 100 mM KF, 10 mM

EDTA), the extracts were rehomogenized for a further 30 s, then

kept on ice during all subsequent steps up to the point of assay.

The homogenates were centrifuged at 2000 g for 10 min and the

supernatants further diluted 5-fold with glycerol-free buffer

before assay to avoid interference by endogenous glucose 6-

phosphate [21]. The fractional velocity of glycogen synthase is

commonly used as an index of its phosphorylation state [22] and

previous work in our laboratory has established that fractional

velocity is a more sensitive tool than activity ratio (assayed with

and without glucose 6-phosphate) for the detection of small

changes in the phosphorylation of glycogen synthase. Fractional

velocity was determined by assaying glycogen synthase [21] at a

subsaturating near-physiological level of UDP-glucose

(0±03 mM) in the presence of either low (0±1 mM) or high

(5±0 mM) glucose 6-phosphate concentrations [22], the ratio of

which was expressed as a percentage. The reaction rates of

glycogen synthase in the presence of low or high levels of glucose

6-phosphate were linear with respect to both the amount of

extract used and incubation time. It is important to recognize

that fractional velocity is only an approximate index of

phosphorylation state, since glycogen synthase has multiple

phosphorylation sites, the phosphorylation of some of which has

no kinetic effect [22,23].

Glycogen phosphorylase assay

Muscles were ground in a mortar and pestle under liquid nitrogen,

homogenized for 30 s with 10 vol. of glycerol homogenization

buffer at ®20 °C [50 mM Mes, pH 7±0, 50 mM KF, 10 mM

EDTA, 10 mM dithiothreitol and 60% (v}v) glycerol] and then

combined with 30 vol. of glycerol-free buffer (50 mM Mes,

pH 7±0, 50 mM KF, 10 mM EDTA) before rehomogenization.

The homogenates were centrifuged at 2000 g for 10 min and the

supernatants subjected to two ion-exchange treatments with

Dowex 1-X4 resin to remove any endogenous AMP before assay

[24]. Glycogen phosphorylase was assayed in the non-physio-

logical direction (conversion of glucose 1-phosphate into gly-

cogen) as described by Gilboe et al. [24] in both the absence and

presence of 5 mM AMP, the activity ratio (expressed as %) of

glycogen phosphorylase (with and without AMP) being a com-

monly used indicator of the enzyme’s phosphorylation state. The

reaction rates of glycogen phosphorylase (with and without

AMP) were linear with respect to both the amount of extract and

incubation time. Studies in our laboratory support the use of

activity ratio as an index of the phosphorylation state of glycogen

phosphorylase [3].

Statistics

Glycogen concentrations are expressed as µmol of glucose

equivalents}g wet weight. Glycogen synthase fractional velocities

and glycogen phosphorylase activity ratios are expressed as a

percentage of maximal activity. Results are expressed as

means³S.E.M. for eight or, on occasions, nine rats. The effects

of starvation and subsequent re-feeding were analysed using a

one-factor analysis of variance followed by either Fisher PLSD

or repeated F ratios (Table 1) a posteriori analysis using Stat

View4Graphics v1.03.

RESULTS AND DISCUSSION

Control site of glycogen synthesis during the early phase of
re-feeding after starvation

Chow re-feeding after starvation was accompanied by rapid gly-

cogen deposition in all muscles (Figure 1). For this net gly-
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Figure 1 Changes in muscle glycogen levels in response to 48 h of starvation and subsequent chow re-feeding

Glycogen levels, expressed as µmol of glucose equivalents/g wet weight, are shown for (a) white quadriceps, (b) red quadriceps, (c) mixed quadriceps, (d) soleus and (e) diaphragm muscles.

The values shown are means³S.E.M. for nine rats. Values after 48 h of starvation are designated as 0 h of re-feeding. *Denotes statistically significant differences between values and those at

different times of re-feeding (P ! 0±05), whereas † denotes differences between values at 48 h of starvation (0 h) and those at different times of re-feeding (P ! 0±05).

Table 1 Changes in glucose 6-phosphate (Glc-6-P) and AMP levels in response to starvation and chow re-feeding in white, red and mixed quadriceps, soleus
and diaphragm muscles

Values are shown as means³S.E.M. (n ¯ 8). Metabolites are expressed as µmol/g wet weight. Statistically significant differences between fed and 48 h-starved are denoted as *P ! 0±05,
** P ! 0±01, whereas statistically significant differences between 48 h-starved and various times of re-feeding are denoted as † P ! 0±05, †† P ! 0±01, ††† P ! 0±001.

Re-fed

Metabolites Fed Starved 1 h 2 h 4 h 6 h 8 h 12 h 24 h

White quadriceps

Glc-6-P (nmol/g) 818³68 550³57** 734³114 839³75†† 748³136 696³86 606³75 663³49 915³110†
AMP (nmol/g) 15±1³3±3 18±2³2±4 11±3³2±2† 19±2³2±4 12±7³1±3† 10±3³2±6† 11±2³2±0† 14±0³1±7 15±2³1±6

Red quadriceps

Glc-6-P (nmol/g) 284³69±1 154³16* 189³40 197³15† 194³28 291³68† 216³44 273³47† 183³32

AMP (nmol/g) 20±3³2±1 21±5³2±4 22±8³2±1 19±3³1±6 17±0³1±8 18±3³2±4 19±1³2±6 18±5³1±6 19±5³2±8
Mixed quadriceps

Glc-6-P (nmol/g) 141³28 54³14** 132³18†† 80³22 166³24†† 112³37 95³28 70³12 77³19

AMP (nmol/g) 21±4³2±1 23±8³1±2 23±3³1±2 22±4³2±3 22±0³1±5 17±4³2±4† 19±9³2±3 17±1³2±1† 21±5³2±0
Soleus

Glc-6-P (nmol/g) 66³19 7³2** 88³15††† 139³31†† 164³22††† 160³28††† 235³45††† 151³34†† 190³35†††
AMP (nmol/g) 7±9³1±3 8±4³1±5 10±6³1±3 10±4³1±6 9±2³1±6 6±3³1±1 9±5³2±2 8±2³1±0 8±9³1±8

Diaphragm

Glc-6-P (nmol/g) 164³21 64³12** 131³25† 108³31 160³35† 114³30 68³8 97³17 98³15

AMP (nmol/g) 22±4³1±9 16±8³3±0 18±6³2±4 18±8³2±4 23±0³1±9 20±2³2±7 17±4³2±4 20±8³2±1 18±4³2±8
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Figure 2 Changes in the fractional velocity of muscle glycogen synthase in response to 48 h of starvation and subsequent chow re-feeding

Fractional velocities, expressed as a percentage, are shown for (a) white quadriceps, (b) red quadriceps, (c) mixed quadriceps, (d) soleus and (e) diaphragm muscles. The values shown are

means³S.E.M. for eight rats. Values after 48 h of starvation are designated as 0 h before re-feeding. *Denotes statistically significant differences between fed values and those at different times

of re-feeding (P ! 0±05), whereas † denotes differences between values at 48 h of starvation (0 h) and those at different times of re-feeding (P ! 0±05).

cogen synthesis to take place there is a requirement for glycogen

glycogen synthase to be in an active state. Acute activation

of glycogen synthase in response to chow re-feeding after starva-

tion is predicted to be mediated by the dephosphorylation of

glycogen synthase and its allosteric activation by glucose 6-

phosphate without any accompanying changes in total glycogen

synthase activities. As predicted, total glycogen synthase activi-

ties, which were similar in the different muscles, remained essen-

tially constant in response to starvation and re-feeding (results

not shown). Moreover, in the white quadriceps muscle the phase

of glycogen deposition was associated with an increase in glucose

6-phosphate levels (Table 1). Also in this muscle there was a tran-

sient increase in the fractional velocity of the enzyme above basal

(48 h-starved) levels between 1 and 6 h re-feeding before returning

to basal levels at 8 h (Figures 1 and 2). Others have also presented

evidence for the dephosphorylation of glycogen synthase during

the starved-to-fed transition in rodents [2,25,26]. An important

aspect of our results, however, is that, in muscles other than the

white quadriceps, the increase in glycogen synthesis observed

during re-feeding was not accompanied by any increase in the

fractional velocity of glycogen synthase, implying that the

phosphorylation state of the enzyme was unchanged. These

results suggest that in these muscles increased flux via glycogen

synthase during re-feeding is mediated by the allosteric activation

of glycogen synthase by glucose 6-phosphate. In agreement with

this view, levels of glucose 6-phosphate, which were reduced in

response to starvation, increased during re-feeding in all muscles

(Table 1). Others have also reported physiological conditions,

such as hyperglycaemia, in which increases in rates of glycogen

synthesis in human and rat muscles occur in conjunction with

increases in glucose 6-phosphate levels but in the absence of

changes in the fractional velocity or activity ratio of glycogen

synthase [5–8].

During re-feeding, the increase in glucose 6-phosphate levels in

the absence of any increase in the fractional velocities of glycogen

synthase raises the intriguing question as to the mechanism

underlying the lack of further dephosphorylation of glycogen

synthase in response to increases in glucose 6-phosphate levels,

since binding of glucose 6-phosphate to glycogen synthase is

known to enhance its susceptibility to dephosphorylation [27].

Since the phosphorylation state of glycogen synthase in these

muscles is already low, as indicated by the high fractional

velocity of the enzyme (31–48%), it is possible that under these

conditions the susceptibility of glycogen synthase to further

dephosphorylation is severely diminished. One may also argue

that stimulation of glycogen synthase phosphorylation during re-
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feeding may override glucose 6-phosphate-mediated

dephosphorylation of the enzyme. In marked contrast, the

increase in glucose 6-phosphate levels in the white quadriceps

muscle may facilitate further dephosphorylation of glycogen

synthase, since, at the onset of re-feeding, the state of

phosphorylation of this enzyme in the white quadriceps muscle is

much higher than that observed in the other muscles (Figure 2).

In the early phase of re-feeding, the increase in glucose 6-

phosphate levels in the absence of any increase in the already

elevated fractional velocities of glycogen synthase inmost muscles

suggests that the phosphorylation state of the enzyme may be

adequate to support net glycogen synthesis subject to only minor

changes in the levels of glucose 6-phosphate. These observations

suggest also that the lack of glycogen deposition in the starved

state may be determined primarily by the low levels of glucose 6-

phosphate. Overall, our findings are consistent with the model

put forward by Shulman et al. [1] that the rate of glycogen

synthase is controlled at the level of glucose transport}hexokinase

by the concentration of glucose 6-phosphate. On the basis of this

model, one may propose that the increase in glucose 6-phosphate

levels is linked to increases in glucose uptake and phosphorylation

that result from the high postprandial blood glucose and insulin

levels that accompany re-feeding. High levels of glucose 6-

phosphate in turn are expected to activate glycogen synthase and

thus glycogen deposition. The situation is different in the white

quadriceps muscle. Since the fractional velocity of glycogen

synthase in this muscle is low (22%) in the starved state compared

with the other muscles, one may argue that there is a requirement

for both further dephosphorylation and increases in glucose 6-

phosphate levels to achieve net glycogen deposition in response

to re-feeding.

It is important to recognize that measurement of total glucose

6-phosphate levels in muscle may underestimate the extent of

glucose 6-phosphate-mediated modulation of glycogen synthase

given that there is evidence for multiple pools of glucose 6-

phosphate in muscle [28], raising the possibility that the allosteric

regulation of glycogen synthase may be dependent on localized

changes in glucose 6-phosphate levels. The existence of multiple

pools of glucose 6-phosphate may explain in part the lack of tight

correlation between the rate of glycogen synthesis and the extent

of the increase in glucose 6-phosphate levels in different muscles.

For instance, the rate of glycogen synthesis is highest in the

diaphragm where the rise in glucose 6-phosphate is the smallest

in absolute terms (Table 1, Figure 1).

Our recent studies indicate that glycogen synthesis during

recovery from high-intensity exercise in the starved rat is

associated with dephosphorylation and inactivation of glycogen

phosphorylase [3], posing the question of whether a similar

mechanism operates during re-feeding. Starvation (48 h) was not

accompanied by changes in the activity ratios of glycogen

phosphorylase, except in the mixed quadriceps muscle, which

responded to starvation by a significant decrease (by 43%) in the

activity ratio (Figure 3) that was sustained in the initial period

(0–6 h) of re-feeding. Contrary to the view that re-feeding is

associated with the dephosphorylation of glycogen phosphoryl-

ase, our study indicates that, in all muscles, glycogen synthesis

during re-feeding was not associated with any changes in the

phosphorylation state of glycogen phosphorylation (Figure 3).

There were increases in the activity ratio of glycogen phos-

phorylase in the mixed quadriceps muscle but only after maximal

glycogen levels had been achieved (12–24 h). These results suggest

that the phosphorylation state of glycogen phosphorylase is

probably sufficiently low to be permissive to glycogen synthesis

without the need for further dephosphorylation during re-

feeding. It is also possible that reduced glycogen phosphorylase

activity is mediated by changes in the levels of allosteric inhibitors

and activators of glycogen phosphorylase other than AMP, the

levels of which remained stable during re-feeding (Table 1).

Control site of glycogen synthesis during the shut-down of
glycogen deposition during re-feeding

The rates of glycogen synthesis in response to re-feeding in all

muscles decreased progressively as glycogen storage proceeded,

eventually attaining levels higher than those in the fed state

(white quadriceps, by 25% ; mixed quadriceps, 48% ; red quad-

riceps, 58% ; soleus, 85% ; diaphragm, 105%). This supranormal

accumulation of glycogen (glycogen supercompensation) was

maintained over the 24 h period of re-feeding in all muscles,

except the white quadriceps (Figure 1). These findings broadly

agree with others, including Holness et al. [29], who observed

supranormal glycogen storage (to levels 34–77% above fed

values) in a number of muscles in response to chow re-feeding

after 48 h of starvation. In the present study, there was no

correlation between the degree of supranormal glycogen storage

and either the extent of starvation-induced glycogen depletion or

the fasting glycogen concentration, but muscles rich in type-I

fibres (soleus, diaphragm) did show the greatest extent of

glycogen storage above fed values. Although the factors limiting

glycogen deposition remain to be established, one may argue that

an increase in the number of glycogen primer molecules

(glycogenin) could explain the increased capacity for glycogen

storage during re-feeding [30]. It is important to stress that the

absence of net glycogen deposition during the later phase of re-

feeding does not result from a lack of dietary supply of

carbohydrate since food intake is known to continue throughout

the re-feeding period [31].

The observation that the rate of glycogen synthesis decreases

progressively during re-feeding raises the question as to what

signals the shut-down of net glycogen synthesis. Our results

suggest that one important factor controlling glycogen synthesis

under these circumstances is the phosphorylation of glycogen

synthase. In support of this view, the fractional velocity of

glycogen synthase, particularly in the soleus and diaphragm

muscles, decreased progressively during re-feeding in conjunction

with a decrease in the rate of glycogen deposition (Figures 1 and

2). In this respect, it is noteworthy that, in most muscles, there

was a correlation (P! 0±05) between fractional velocity and

both the rate of glycogen deposition and glycogen levels. The

attainment of near-maximal glycogen levels in the later stages of

the re-feeding period may explain the lack of any effect of further

increases in glucose 6-phosphate levels in some muscles (Table 1)

on the rate of glycogen synthesis during this stage (Figure 1),

since glycogen is known to inhibit its own synthesis. Moreover,

the increase in the phosphorylation state of glycogen synthase

during the later stages of the re-feeding period may explain the

lack of stimulatory effect of further increases in glucose 6-

phosphate on the rate of glycogen synthesis during that stage,

since the sensitivity of glycogen synthase to activation by glucose

6-phosphate decreases markedly as the phosphorylation state of

the enzyme increases [32]. The control of glycogen synthesis via

the phosphorylation of glycogen synthase is not unique to the

shut-down of glycogen synthesis during re-feeding but is also

reported during the initial period of recovery from high-intensity

exercise [3] and in response to hyperglycaemia in diabetic rats [7].

One factor that may contribute to regulation of the phos-

phorylation state of glycogen synthase is the level of glycogen.

It has been reported that glycogen inhibits both glycogen syn-

thase phosphatase and phosphorylase phosphatase activities

leading to the progressive net phosphorylation of glycogen
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Figure 3 Changes in the activity ratio of muscle glycogen phosphorylase in response to 48 h of starvation and subsequent chow re-feeding

Activity ratios, expressed as a percentage of total activity, are shown for (a) white quadriceps, (b) red quadriceps, (c) mixed quadriceps, (d) soleus and (e) diaphragm muscles. The values shown

are means³S.E.M. for eight rats. Values after 48 h of starvation are designated as 0 h before re-feeding. *Denotes statistically significant differences between fed values and those at different

times of re-feeding (P ! 0±05), whereas † denotes differences between values at 48 h of starvation (0 h) and those at different times of re-feeding (P ! 0±05).

synthase and glycogen phosphorylase [33–35] and activities

glycogen phosphorylase kinase [36–38], an enzyme that can phos-

phorylate not only glycogen phosphorylase but also glycogen

synthase [39]. Our findings suggest that, as glycogen content

approaches maximal levels, the glycogen-mediated stimulation

of the phosphorylation of glycogen synthase is sufficient to

overcome the stimulatory effect of elevated glucose 6-phosphate

levels on the dephosphorylation of the enzyme.

Although glycogen levels may be self-regulating via the feed-

back mechanisms described above, it does appear that during re-

feeding after prolonged starvation the feedback mechanisms

only become operative at higher glycogen levels, posing the

question of how this may be achieved. Whereas others [40] have

reported in humans that glycogen synthase activation state

remains above basal levels after exercise and high carbohydrate

loading during the phase of supranormal glycogen storage, this

is not the case during re-feeding. It is noteworthy that the two

muscles with the highest degree of supranormal glycogen storage

(soleus and diaphragm) had lower (P! 0±01) total activities of

glycogen phosphorylase (7±0³1±3 and 31±0³4±0 µmol}min

per g wet weight respectively) than those in the white (46±6³3±1),

mixed (48±2³5±2) and red (49±6³5±9) quadriceps. Since glucose

1-phosphate}glycogen recycling is reported to occur in skeletal

muscle [41], these findings may suggest that low activities of

glycogen phosphorylase may facilitate supranormal glycogen

storage.

This study provides a new perspective on the regulation of

glycogen synthesis during the starved-to-fed transition, our major

finding being that there is a temporal shift in the site of control

of glycogen synthesis during re-feeding in a manner that may be

affected by muscle fibre composition. Specifically, our results

suggest that glucose transport}hexokinase via modulation of

glucose 6-phosphate levels controls the rate of synthesis during

the initial phase of re-feeding in most muscles and that the

control point shifts to glycogen synthase in the later phases.

Since re-feeding after starvation is associated with increases in

glucose utilization index to levels that remain elevated beyond

the point when glycogen deposition declines [42], we propose

that the shift in the control site of glycogen synthesis serves not

only to shut-down glycogen synthesis but also to redirect glucose

6-phosphate into glycolysis.
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